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Aspergillus flavus is a ubiquitous resident of agricultural soils and is associated with many crops. In corn (maize, Zea mays L.), this fungus is one of several fungal pathogens that cause ear rot. More critically, A. flavus produces aflatoxins, which reduce the quality and safety of the crop (4, 32) . Aflatoxins are highly potent carcinogens and mutagens; as such, aflatoxin contamination of corn is an issue of both human and animal health (12) . In addition, several countries worldwide have regulatory limits on aflatoxin levels in corn and other commodities, resulting in an increased economic burden to growers, processors, and livestock producers (36) .
One method to reduce aflatoxin contamination of corn is to reduce the frequency or extent of A. flavus infection. This has been investigated using modifications of cultural practices (10, 27) , as well as conventional and molecular breeding to introduce traits conferring resistance to fungal infection (1, 8, 26) or resistance to insect damage that directly impacts fungal infection (6, 24) . Chemical methods that have been studied include the use of insecticides to reduce insect damage and thereby reduce susceptibility to mycotoxin contamination (17) . In contrast, experimental evidence showed that sublethal application of the fungicides miconazole, tridemorph, fenpropimorph, and fenarimol actually increased production of aflatoxins by A. parasiticus (5, 11) . This may be indicative of a mechanism akin to oxidative stress response, which is involved in regulation of aflatoxin biosynthesis (22, 23) . Studies of biological methods for reducing aflatoxigenic A. flavus infection in corn have largely focused on the use of nonaflatoxigenic strains of A. flavus (2, 9, 16) , which act by competitively displacing toxigenic strains. Other studies have examined inhibition of A. flavus using bacterial isolates, predominantly Bacillus spp. (7, 28) and Pseudomonas spp. (3), as well as Acremonium zeae, a corn endophyte (37) .
In previous work (31), we isolated several strains of Pseudomonas, Bacillus, and Burkholderia, among other species, from corn soil and rhizosphere samples and screened them for antifungal activity against A. flavus using in vitro assays in different culture media. Two isolates, a P. chlororaphis strain and a P. fluorescens strain, showed consistent fungal growth inhibition in liquid media. To further investigate their antagonism against A. flavus, we developed soil coculture assays in which fungal and bacterial populations were quantified over time. Since soil is an important inoculum source of A. flavus (15) , we hypothesized that reducing vegetative populations in soil may reduce the inoculum potential of that soil. In addition, we hypothesized that reduction of A. flavus growth in soil would result in reduced potential for the airborne dispersal of A. flavus spores. This would, in turn, reduce the potential for A. flavus infection and subsequent aflatoxin contamination of nearby crop plants. To test this hypothesis, we developed a laboratory-scale wind chamber assay to quantify windborne A. flavus spores following conidial development in soil following coculture with bacterial isolates.
MATERIALS AND METHODS
Strains and media. P. chlororaphis strain JP1015 and P. fluorescens strain JP2175 were previously isolated from cornfield soil and corn rhizosphere samples, respectively (31) . Bacterial strains were maintained on 0.1× Difco tryptic soy agar (TSA) (Becton, Dickinson & Co., Franklin Lakes, NJ) and grown at 28°C with shaking in 0.5× Bacto tryptic soy broth (Becton, Dickinson & Co.). A. flavus strain F3W4 (2) cultures were maintained on potato dextrose agar (PDA) (Becton, Dickinson & Co.) at 28°C in darkness. Fungal spores were prepared in 30% glycerol with 0.05% Tween 80 from freshly sporulating cultures. Spore density was determined using a hemacytometer and suspen-sions were stored in 1-ml aliquots at -70°C. Conidial viability of the suspensions was periodically verified by enumeration on A. flavus and A. parasiticus agar (AFPA) (33) .
Soil preparation. Two soil types were collected from USDA experimental agricultural plots in Mississippi that had been planted in corn: "Field 2" soil (F2) was characterized as a Dundee silty clay soil (fine-silty, mixed thermic Aeric Ochraqualfs), pH 6.5, and "Field 6" soil (F6) was characterized as a Beulah fine sandy loam soil (coarse-loamy, mixed thermic Typic Dystrochrepts), pH 6.4. Both soils were air dried in plastic tubs for 4 days, sifted through a 2.36-mm pore size sieve (no. 8 USA standard testing sieve, Gilson Co., Inc., Lewis Center, OH) and stored in airtight polyethylene bags at 4°C. In preparation for fungal growth experiments, 15 ml of distilled water was added to 150 g of soil in a magenta box, allowed to stand for 30 min, and autoclaved for 60 min with 15 min slow exhaust. After cooling, autoclaved soil was mixed by shaking each box vigorously in all directions for 60 s.
Soil antagonism assays. For each experiment, 10 g of autoclaved soil was weighed into petri dishes (60 × 15 mm 2 ) and hydrated with 1 ml of sterile distilled water by evenly pipetting over the entire soil surface. Hydrated soil plates were allowed to stand for 30 min to allow even absorption. Spore suspensions of A. flavus strain F3W4 were diluted to approximately 10 5 conidia/ ml and 1 ml was pipetted evenly over the surface of each soil plate, for a target inoculation of approximately 10 4 conidia per gram of soil. Viable inoculum concentrations were enumerated by dilution plating on PDA. Overnight (18 h) bacterial cultures were pelleted by centrifugation for 2 min at 12,000 × g and resuspended in sterile 0.05% Tween 80. Suspensions were serially diluted in sterile 0.05% Tween 80 to contain approximately 10 4 , 10 6 , or 10 8 CFU/ml. These suspensions were serially diluted and plated onto 0.1× TSA for enumeration. One-milliliter aliquots of each bacterial suspension were pipetted evenly over the surface of each soil treatment, for a target inoculation of approximately 10 3 , 10 5 , or 10 7 CFU/g of soil. Sterile 0.05% Tween 80 (1 ml) was added to fungus-only control treatments. Soil plates were parafilmed and incubated at 28°C in darkness. To retard dehydration of the soil, a pan of distilled water was placed at the bottom of the incubator throughout the experiment.
Bacterial and fungal populations in each soil treatment were enumerated 3, 6, 9, 12, and 16 days following inoculation. One gram of soil per dish was weighed into 9 ml of sterile 0.05% Tween 80, vortexed for 30 s, and serially diluted in sterile 0.05% Tween 80. For A. flavus enumeration, dilutions were spread plated onto AFPA supplemented with streptomycin at 100 mg/liter. Fungal dilution plates were incubated for 2 days at 28°C. Bacterial enumeration was performed by plating of appropriate sample dilutions using an Autoplate 4000 spiral plater (Spiral Biotech, Norwood, MA) onto 0.1× TSA supplemented with cycloheximide at 100 mg/liter. Bacterial dilution plates were incubated for 18 to 20 h at 28°C. For each experiment, treatments with each bacterial inoculum density were performed in triplicate. The experiment was repeated, for a total of six replicate samples per treatment.
Windborne spore dispersal assays. A bench-scale wind chamber was constructed using a 20-cm-diameter acrylic tube, 1 m in length (TAP Plastics, El Cerrito, CA). A 12-cm-diameter fan (Alpha V TA450, Nidec America, Norwood, MA) was fixed to a 20-cm diameter soil sieve (no. 18 USA standard testing sieve, Gilson, Co.), which slid onto one end of the tube. The fan displaced air at a rate of 2,800 liters/min at 3,200 rpm, resulting in an apparent wind speed of 4.5 km/h at the downwind end of the chamber. To measure bacterial effects on production of windborne A. flavus spores, experimental treatments consisted of 10 g of autoclaved soil (F2 or F6) in petri dishes (60 ×15 mm 2 ) (=28.3 cm 2 surface area), inoculated with 10 4 A. flavus conidia/g, and 0, 10 3 , 10 5 , or 10 7 CFU/g of each bacterial strain, as described above, except that soil was not hydrated prior to inoculation. Soil plates were parafilmed and incubated at 28°C in darkness. Following incubation for 7 or 14 days, the lids were removed, and test samples were placed in the wind chamber, approximately 3 cm directly in front of the fan. At the downwind end of the chamber, approximately 1 m from the fan, 100 liter air samples were collected using a MicroBio MB2 air sampler (F.W. Parrett Ltd., London, UK) at a rate of 100 liters/min. This air sampler is designed to collect airborne particles on media in petri dishes and was positioned with its sampling inlets perpendicular to the airflow to allow for collection in dishes containing either agar or liquid diluent. Windborne spore samples were collected directly onto AFPA + streptomycin plates, or into 10 ml of 0.05% Tween 80 and subsequently dilution plated onto AFPA + streptomycin plates, and incubated for 2 days at 28°C to enumerate A. flavus colonies. For each experiment, treatments with each bacterial inoculum density were performed in triplicate. To prevent carryover of spores between samples, the chamber was sanitized with 70% ethanol after each sample collection. Experiments were performed three times for a total of nine replicate samples per treatment.
Statistical analyses. For soil antagonism assays, fungal and bacterial population data were log-transformed prior to statistical analysis. Data from windborne spore dispersal assays were log (n + 1) transformed to account for incidences when colony counts were zero. Differences in populations among treatments were analyzed at each time point by one-way analysis of variance with Tukey's post-test using GraphPad Instat (version 3.06, GraphPad Software, Inc., San Diego, CA).
RESULTS

Fungal growth characteristics in soil.
Initial experiments were performed to determine growth characteristics of A. flavus in nonsterile cornfield soils. Growth in F2 and F6 soils was almost completely inhibited over 10 days following inoculation at low levels (10 3 conidia/g) or high levels (10 6 conidia/g), indicating antifungal microbial activity in these soils. Recovered fungal propagule levels tended to remain at or near the inoculum levels during this time, suggesting that conidia remained viable. In contrast, autoclaved soils supported vegetative growth of A. flavus. Within 3 days following inoculation, extensive sporulation was apparent on the surface of soil samples inoculated with A. flavus. The fungal growth inhibition of nonsterile soil and its inactivation by autoclaving was further observed on agar media prepared using aqueous washes of nonsterile soil versus autoclaved soil. Therefore, autoclaved soils were used for subsequent experiments to determine antagonistic effects of Pseudomonas strains.
Inhibition of A. flavus growth in soil. Both P. chlororaphis strain JP1015 and P. fluorescens strain JP2175 significantly reduced the recovered number of A. flavus propagules in soil coculture assays relative to control treatments inoculated with A. flavus only (Figs. 1 and 2 ). Three days after coinoculation in F2 soil, P. chlororaphis strain JP1015 reduced A. flavus populations by more than 150-fold when inoculated at 10 5 or 10 7 CFU/g (P < 0.001), and by 25-fold when inoculated at 10 3 CFU/g (P < 0.001) (Fig. 1A) . By day 16, A. flavus populations were 20-fold reduced in coculture treatments relative to control treatments (P < 0.001), regardless of the starting bacterial inoculum. Similar A. flavus growth inhibition by P. chlororaphis strain JP1015 occurred in F6 soil (Fig. 1B) . At day 3, A. flavus populations were reduced by more than 100-fold by 10 5 or 10 7 CFU/g of P. chlororaphis strain JP1015 (P < 0.001), and by 15-fold by 10 3 CFU/g of the bacterium (P < 0.001). By day 16 in F6 soil, A. flavus populations were 10 to 20-fold reduced in coculture treatments relative to control treatments (P < 0.001). At all time points, A. flavus populations did not significantly differ between soil types for equivalent treatments (P > 0.05).
In contrast, the dose dependence of A. flavus inhibition by P. fluorescens strain JP2175 was much more pronounced (Fig. 2) . At day 3 in F2 soil, P. fluorescens strain JP2175 inoculum levels of 10 5 and 10 7 CFU/g reduced A. flavus populations by 25-fold (P < 0.001) and 74-fold (P < 0.001), respectively, whereas the 10 3 CFU/g inoculum level reduced A. flavus by 5-fold, which was not significant (P > 0.05) ( Fig. 2A) . At day 16, A. flavus populations were reduced 7-fold (P < 0.05) and 13-fold (P < 0.001) in treatments inoculated with 10 5 and 10 7 CFU/g, respectively, but in 10 3 CFU/g treatments, A. flavus populations were reduced only 3-fold, which was not significant (P > 0.05). Similar levels of A. flavus inhibition by P. fluorescens strain JP2175 were observed in F6 soil (Fig. 2B) . A. flavus populations were reduced by 14-fold (P < 0.001) and 58-fold (P < 0.001) by coinoculation with P. fluorescens strain JP2175 at 10 5 and 10 7 CFU/g, respectively, but only by 4-fold (not significant, P > 0.05) by 10 3 CFU/g of the bacterium. At day 16, A. flavus populations were reduced 7-fold (P < 0.05) and 10-fold (P < 0.01) in treatments inoculated with 10 5 and 10 7 CFU/g, respectively, while A. flavus populations in 10 3 CFU/g treatments were reduced only 2-fold (not significant, P > 0.05). As with P. chlororaphis strain JP1015, fungal populations were not significantly different between soil types for equivalent treatments with P. fluorescens strain JP2175 at all time points (P > 0.05).
Growth and survival of bacteria. Both P. chlororaphis strain JP1015 and P. fluorescens strain JP2175 grew quickly in F2 and F6 soils, reaching maximum population densities by 3 days after inoculation (Figs. 3 and 4) . In F2 soil coinoculated with A. flavus, P. chlororaphis strain JP1015 populations grew to nearly 10 9 CFU/g and persisted at densities greater than 10 8 CFU/g until day 16, regardless of the starting inoculum density (Fig. 3A) . P. chlororaphis strain JP1015 grew to 10 9 CFU/g in F6 soil coinoculated with A. flavus, but populations declined significantly (P < 0.001) by day 16, to less than 10 6 CFU/g and less than 10 8 CFU/g in soils inoculated with 10 3 CFU/g, and 10 5 or 10 7 CFU/g, respectively (Fig. 3B) . In both soils at all inoculum densities, P. fluorescens strain JP2175 populations reached 10 9 CFU/g 3 days after inoculation, and persisted at densities greater than 10 8 CFU/g until day 16 (Fig. 4) .
Recovery of windborne spores. Following incubation for 7 days, soil inoculated with A. flavus alone showed extensive surface sporulation, whereas surface sporulation was not observed in soil coinoculated with A. flavus and P. chlororaphis strain JP1015 or P. fluorescens strain 2175. In order to quantify this observation, a bench-scale wind chamber was constructed to model windborne dispersal of A. flavus spores following soil coculture with bacterial antagonists (Fig. 5) . Air samples collected 1 m downwind of A. flavus-inoculated soil plates yielded 1.8 × 10 3 and 3.0 × 10 3 windborne propagules (conidia) per plate from F2 and F6 soils, respectively, after 7 days of incubation, and 2.0 × 10 3 and 3.5 × 10 3 conidia per plate from F2 and F6 soils, respectively, after 14 days of incubation (Fig. 6) . Following coculture of A. flavus with P. chlororaphis strain JP1015 in F2 soil, the number of conidia recovered from air samples was significantly reduced (P < 0.001), by 75-fold to 100-fold after 7 days of incubation, and by 100-fold to 150-fold after 14 days of incubation (Fig. 6A) . In F6 soil, the initial dose-dependent inhibition of A. flavus growth by P. chlororaphis strain JP1015 (Fig. 1B) was reflected in dose-dependent reduction in windborne spore recoveries (Fig. 6B) . At 10 5 and 10 7 CFU/g of P. chlororaphis strain JP1015 soil inocula, spore recoveries were 700-fold lower than from A. flavus-only soil after 7 days (P < 0.001), and 900-fold to 1,000-fold lower after 14 days (P < 0.001). In contrast, spore recoveries following soil inoculation with 10 3 CFU/g of P. chlororaphis strain JP1015 were reduced by 150-fold after 7 days (P < 0.001), and 300-fold after 14 days (P < 0.001), which were significantly greater than recoveries from the higher bacterial inoculation rates (P < 0.001). Soil type affected bacterial reduction of windborne spores, with recoveries from F6 soils inoculated with 10 5 or 10 7 CFU/g of P. chlororaphis strain JP1015 significantly lower than those from F2 soils with equivalent treatments at both 7 days (P < 0.001) and 14 days (P < 0.05) following inoculation. Windborne spores recovered from soils coinoculated with A. flavus and P. fluorescens strain JP2175 were also significantly lower than from A. flavus-only soils (P < 0.001), but significantly higher than with P. chlororaphis strain JP1015 (P < 0.01). In F2 soil, P. fluorescens strain JP2175 treatments reduced spore recoveries by 10-fold to 25-fold after 7 days, and by 10-fold to 20-fold after 14 days, independent of starting bacterial inoculum levels (Fig. 6C) . In contrast, treatments in F6 soil (Fig. 6D) showed significant bacterial inoculum dose response after 7 days (P < 0.001), with recoveries reduced by 50-fold (10 7 CFU/g of inoculum), 30-fold (10 5 CFU/g of inoculum), and 10-fold (10 3 CFU/g of inoculum), in a trend similar to reduction in A. flavus populations recovered from soil (Fig. 2) . However, this effect was not observed after 14 days, with conidia recoveries reduced by 15-fold to 20-fold, regardless of bacterial inoculum level. In contrast to P. chlororaphis strain JP1015 treatments, soil type did not significantly affect the reduction of windborne spores by P. fluorescens strain JP2175 (P > 0.05). 
DISCUSSION
This is the first report to describe the correlation between bacterial inhibition of A. flavus growth in soil and the reduction of windborne spore dispersal. In this study, we demonstrated that P. chlororaphis strain JP1015 and P. fluorescens strain JP2175 reduce vegetative populations of A. flavus recovered from corn field soils (Figs. 1 and 2 ). This growth inhibition led to greatly reduced sporulation on the surface of coinoculated soil. Using a bench-scale wind chamber (Fig. 5) , we demonstrated that this inhibition of sporulation resulted in reduced numbers of A. flavus spores collected 1 m downwind of the treated soil (Fig. 6) . Since A. flavus contamination of aerial crops such as maize occurs primarily by windborne spore dispersal (15) , this represents an important consideration for the development of biological interventions for controlling aflatoxin contamination.
The strains of P. chlororaphis and P. fluorescens used in this study were isolated previously from F2 and F6 cornfield soil and corn rhizosphere samples, and selected for antagonistic activity against A. flavus and F. verticillioides in laboratory culture (31) . To further investigate the antagonistic potential of these bacteria, soil coculture assays were developed to measure inhibition of A. flavus vegetative growth and spore dispersal. Using the same soils from which these bacterial strains were isolated, both bacteria demonstrated antifungal activity, consistent with effects shown in culture media. In other studies investigating potential bacterial biocontrol agents against mycotoxigenic A. flavus or Fusarium verticillioides, characterization of antifungal activity has been determined typically using laboratory media, followed by greenhouse or field studies (3, 7, 13, 14, 21) . However, antifungal assays using soils prior to field application may be a beneficial intermediate step in development of biocontrol candidates, in that unnecessary time and expense would be saved by eliminating poorly performing candidates before designing field studies.
Both soils tested in this study, a Dundee silty clay and a Beulah fine sandy loam, did not support growth of A. flavus in their nonsterile state. In addition, fungal growth was inhibited in aqueous washes of nonsterile soils, indicating that native microbial activity in these soils was suppressive to fungal growth. In contrast, both fungi grew on washes of autoclaved soil and in washes of nonsterile soil that were filter sterilized (J. Palumbo and T. O'Keeffe, data not shown), suggesting that the suppressive microbial activity in these soils required concurrent microbial metabolic activity. These soils were the source for isolation of several bacterial genera with antagonistic phenotypes, including Pseudomonas, Bacillus, Burkholderia, Wautersia, Stenotrophomonas, and Variovorax (31) . In other studies, Pseudomonas spp. have been implicated as contributors to soil suppressiveness (20, 34, 35) so it is not surprising that fungal growth was suppressed in these native soils. The use of autoclaved soils in this study allowed us to observe specific effects of individual antagonists that would not be measurable otherwise. This approach has been taken in other studies to demonstrate efficacy of bacterial antagonists in reducing soil populations of A. flavus and F. verticillioides (18) .
P. chlororaphis strain JP1015 was more inhibitory to A. flavus in soil, and was less dose-dependent than P. fluorescens strain JP2175 (Figs. 1 and 2 ). Bacterial populations were more stable in F2 soil than in F6 soil (Fig. 3) , suggesting possible soil-specific effects on individual bacterial isolates. However, the significant decline in P. chlororaphis strain JP1015 populations in F6 soil, particularly at low inoculum levels, occurred in coculture with A. flavus but not in coculture with F. verticillioides (T. O'Keeffe and A. Kattan, data not shown), indicating that fitness of this bacterium is influenced by both soil and fungal factors. Inhibition of A. flavus growth by P. fluorescens strain JP2175 correlated with initial inoculum level in soil assays (Fig. 2) , even though bacterial populations at all inoculum levels were the same by day 3 (Fig.  4) . It is possible that the dose-dependent inhibition by strain JP2175 may in part be due to lower initial growth rate, or that production of inhibitory factors occurs at the earliest stages of the microbial interaction. These results necessitate further studies to determine bacterial survival and antifungal activity in soils under different conditions, such as soil moisture and temperature.
Windborne spore dispersal is a major mechanism of crop contamination by aflatoxigenic Aspergilli (19, 29) , as well as other mycotoxigenic fungi such as Fusarium spp. (25, 30) . Because environmental sampling of airborne spores is highly variable, depending on humidity, wind speed, collection site, etc., the development of a small-scale apparatus for sampling under controlled conditions is advantageous for modeling the effects of particular treatments on spore dispersal. In the current study, we used a bench top wind chamber (Fig. 5) to collect airborne A. flavus spores at a distance of 1 m from inoculated soil using defined parameters (soil surface area, wind speed, and air volume sampled). Using this methodology, we demonstrated that bacterial antagonism, which reduced vegetative fungal growth in soil, directly resulted in reduced numbers of conidia that could be carried by wind (Fig. 6 ). The information provided by these experiments serves as a basis for future studies to investigate the potential for field application of these bacteria and to determine their effects on soil populations and airborne dispersal of A. flavus and resulting fungal colonization and aflatoxin contamination of susceptible crops.
